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Background: The stabilization of fine sediments via biofilms (‘biostabilization’) has various economic and ecological
implications but is presently unaddressed within lotic waters. To investigate natural biofilm growth and functionality in
freshwater sediments under controlled boundary conditions, a unique mesocosm was constructed that combines
established know-how from engineering and natural sciences and consists of six straight flumes. To test the comparability
of biofilm growth within one flume and between the flumes, extracellular polymeric substances (EPSs), microbial biomass
and microbial community composition were closely monitored over time and space as well as in relation to biofilm
adhesiveness (proxy for biostabilization).
Results: Most importantly, biofilm development and biostabilization capacity revealed no significant differences within
flume regions or between the flumes and the biofilms significantly stabilized the substratum as compared to abiotic
controls. However, interesting temporal successions in biofilm growth phases became visible in shifting abundance and
diversity of bacteria and microalgae resulting in varying EPS secretion and biostabilization.
Conclusions: These findings demonstrated the importance of biostabilization for fine sediment dynamics in freshwaters.
Secondly, this unique setup allows comparable biofilm growth under controlled environmental conditions, an important
requisite for future research on the ecological significance and impact of biostabilization for ecosystem functioning at
varying environmental scenarios.
Keywords: Biofilm; Biostabilization; Sediment stability; Adhesion; Extracellular polymeric substances (EPSs); MagPI; DGGE;
Flume; DiatomsBackground
During biofilm growth, microbes secrete extracellular
polymeric substances (EPSs) gluing cells to the sediment
and sediment particles to each other. Hereby, especially
fine sediments (0.02 to 0.2 mm) are granted a higher re-
sistance against erosive processes [1,2]. This constitutes
a significant ecosystem service with broad economic and
ecological implications. Understanding the dynamics of
fine sediments is essential for maintaining waterways,
dams and harbours, e.g. biostabilized fine sediments can
significantly complicate reservoir flushing. Additionally,* Correspondence: sabine.gerbersdorf@iws.uni-stuttgart.de
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in any medium, provided the original work is pa high quantity of macro and micropollutants can bind
to fine sediment grains (and its organic matrix) to be
jointly deposited in river regions with lower flow veloci-
ties [3,4]. The immobilization of pollutants within sedi-
ments largely depends on the substratum stability. Thus,
biofilms can delay or prevent the re-suspension of these
legacies into the water body as well as their bioavailabil-
ity, while microbial bioremediation might even degrade
those substances.
Knowledge about biostabilization of fine sediments is
steadily increasing, and new techniques to measure adhe-
siveness of biofilms at high resolution have been established
[5-7]. Moreover, the influence of various environmental fac-
tors on the formation of biofilms has been investigated,
mostly by experimental procedures (e.g. [8,9]). In thean Open Access article distributed under the terms of the Creative Commons
g/licenses/by/4.0), which permits unrestricted use, distribution, and reproduction
roperly credited.
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relatively easy while insights into interspecies relations
and larger-scaled ecosystem developments are limited, es-
pecially since most studies concentrate on monospecies
biofilm (e.g. [10,11]). Other projects focused on field ob-
servations that illustrate diverse ecological phenomena
[12,13]. Nevertheless, the environmental conditions are
barely controllable and it is difficult to unravel specific
links between species abundances, community compos-
ition, physiology and ecosystem functionality.
The presented project maximizes the advantages of la-
boratory (controlled reproducible settings) and field inves-
tigations (natural relevance) while combining engineering
and biological expertise. Several studies investigated bio-
film formation in microcosms [14-16]. Here, a continuous
flow system is used consisting of six straight flumes run
with natural river water. Detailed information about the
construction, the hydraulic regimes and flow velocities of
the straight flumes are given in Thom et al. [17]. The new
flow channel system is unique because of the following:
(1) the flume dimensions guarantee fully developed turbu-
lence, uniform water flow and constant discharge as im-
portant requirements in hydraulic research; (2) the
inoculation and development of biofilm from natural
water on natural-like substratum minimizes behavioural
artefacts of the microorganisms as a response to a more
artificial physical environment and (3) microbial growth
and development can be linked to biofilm functionality,
here biostabilization as one important ecosystem service.
Thereby, well-established methods from engineering sci-
ence meet protocols in microbial and chemical analysis as
well as molecular approaches to gain insights into the
process of biostabilization with its various complex inter-
actions. However, the main focus of the present paper is
the evaluation of the newly designed straight flume setup
with respect to the following question: is biofilm growth
and development within and between the individual
flumes comparable under controlled boundary conditions
despite the well-known heterogeneity of natural waters?
This is an essential prerequisite for further research into
the phenomenon biostabilization at different habitats and
environmental scenarios in order to reliably relate the ma-
nipulated boundary conditions to the observed effects on
biofilm functionality. A 4-week experiment was conducted
in which biofilm growth was evaluated intra-flume and
inter-flume wise. The analytical focus of this study was on
biochemical and molecular biological parameters of the




Nutrient concentrations of the water samples were constant
over the experimental time and except for nitrate, at thedetection limit (according to LAWA [18]): phosphate <
0.2 mg L−1, ammonium and nitrate approx. 0.04 ± 0.03 and
2.9 ± 0.1 mg L−1, respectively, and sulphate with 48.1 ±
0.4 mg L−1. Concentrations of fluoride and chloride were
below 0.2 and around 58.7 ± 0.7 mg L−1, respectively.
Inter- and intra-flume comparison
Comparison of the data on biochemical analysis, microbial
biomass and surface adhesiveness showed no significant
difference neither between the different regions within
one flume nor between the different flumes (Tables 1, 2
and 3).
Development of the biofilm during the experiment
EPS matrix
Generally, contents of colloidal EPS carbohydrates and
proteins exhibited an overall increase throughout the ex-
periment (Figure 1), e.g. mean carbohydrate contents in-
creased about fourfold from 11.6 ± 3.5 μg gDW−1 (day 2)
to 42.8 ± 13.4 μg gDW−1 (day 26) while mean protein
values increased about fivefold from 1.0 ± 0.8 μg gDW−1
to 5.2 ± 3.0 μg gDW−1. However, the increase between
two subsequent sampling points was only significant be-
tween days 11 and 14, for EPS carbohydrates (KWT; n =
120; p = 0.0162) as well as for EPS proteins (KWT; n =
120; p < 0.0001). Nevertheless, the mean values mea-
sured from day 14 onwards were significantly higher
than those determined until day 7 (for both, EPS carbo-
hydrates and proteins: KWT; n = 120; p < 0.0001). Over-
all, the contents of EPS carbohydrates and proteins
showed a strong positive correlation during the experi-
ment (Spearman; rs = 0.70; n = 120; p < 0.0001).
Chlorophyll a content and bacterial cell counts
Chlorophyll a contents and bacterial cell counts (BCC)
increased during the experiment (Figure 2). For instance,
mean chlorophyll a contents increased from 0.1 ± 0.1 μg
gDW−1 (day 2) to 3.7 ± 2.1 μg gDW−1 (day 26). Mean-
while, mean BCC increased tenfold from 4.6 ± 1.1 × 106
gDW−1 to 4.3 ± 1.4 × 107 gDW−1. Thus, highly signifi-
cant differences were detected for both parameters be-
tween earlier biofilm stages (until day 7) and matured
biofilms (from day 22 onwards) (KWT; p < 0.0001; n =
120 for chlorophyll a; n = 40 for BCC).
However, while BCC showed significant increases from
day 5 to day 7 and from day 7 to day 11 (KWT; n = 40;
p = 0.0471 and p = 0.0074, respectively), the values
dropped significantly from day 11 to day 14 (KWT; n =
40; p = 0.0009). In contrast, chlorophyll a increased sig-
nificantly from day 11 to day 14 (KWT; n = 120; p =
0.0210), with an even more pronounced microalgal
growth between day 14 to day 18 (KWT; n = 120; p =
0.0053). Over the total experimental time, BCC and
chlorophyll a as a proxy for algal biomass were positively











Front 27.9 ± 12.5 2.4 ± 1.6 1.3 ± 1.6 1.5 ± 0.8 618 ± 99
Middle 27.3 ± 14.7 2.9 ± 2.2 1.4 ± 1.7 1.6 ± 0.9 603 ± 115
Back 27.0 ± 13.3 2.9 ± 2.1 1.4 ± 1.8 1.7 ± 1.0 599 ± 104
Mean values of EPS (carbohydrates and protein) and chlorophyll a contents (n = 144), bacterial cell counts (n = 24) and surface adhesiveness (n = 162) over all
measuring dates of the experiment within all six flumes (with STDev).
Schmidt et al. Environmental Sciences Europe  (2015) 27:2 Page 3 of 11related (Spearman; rs = 0.69; n = 40; p < 0.0001). Still, be-
tween days 11 and 14, the relation was negative although
not significant (Spearman; rs = −0.56; n = 10; p = 0.089).
In addition, chlorophyll a values were positively related
to EPS carbohydrates (Spearman; rs = 0.75; n = 120; p <
0.0001) as well as EPS proteins (Spearman; rs = 0.60; n =
120; p < 0.0001) during the entire experiment.
Microalgae community
Intra-flume comparisons of the diatom community dis-
played a high proportional similarity index (PSI) from the
beginning onwards that even increased over the experi-
ment: PSI 0.71 (day 7), 0.76 ± 0.09 (day 14) and 0.86 ± 0.03
(day 22). The PSI of the inter-flume comparison was simi-
lar (e.g. 0.72 ± 0.05 at day 22).
While most algal species were determined sporadically
in single flumes (listed in Table 4); three diatoms oc-
curred ubiquitously in all flumes: Nitzschia fonticola,
Nitzschia paleacea and Surirella brebissonii var. kuetzin-
gii. Apparently, N. paleacea was the dominant species
throughout all flumes while the other two diatoms
showed varying abundances in the different flumes (N.
fonticola dominant in flume 2 and S. brebissonii domin-
ant in flume 4). Besides the generally prevailing diatoms,
the green algae Scenedesmus sensu lato was detected
within the biofilms from day 7 onwards.
Bacterial community
The biofilms’ bacterial range-weighted richness (RWR)
showed no significant inter-flume variations over time
(one-way ANOVA; n = 20; p = 0.9740), but indicated two
different stages during biofilm growth. During the first
2 weeks, the initially high (mean) RWR of the biofilms







1 23.1 ± 9.9 2.0 ± 1.7 1.1 ±
2 26.5 ± 11.2 2.7 ± 1.2 1.0 ±
3 25.5 ± 8.2 3.1 ± 1.6 1.4 ±
4 31.0 ± 16.5 2.5 ± 2.0 1.6 ±
5 32.7 ± 18.0 3.4 ± 3.0 2.1 ±
Mean values of EPS (carbohydrates and protein) and chlorophyll a contents (n = 120
measuring dates of the experiment within all five flumes (with STDev).6.0) and virtually low level (day 14 10.7 ± 4.5). In con-
trast, a strong increase could be detected in RWR over
the last 2 weeks (day 22 51.4 ± 14.1).
Generally, high values of dynamics were observed
(mean rate of weekly change 31.5 ± 8.0%), indicating se-
vere changes within the bacterial community. Over time,
mean dynamics (rate of change) within the bacterial
community increased from day 5 to day 7 (from 25.0 ±
10.7 to 30.8 ± 13.7%), followed by a decrease until day 11
(to 25.4 ± 10.5%, Figure 3). Until day 14, mean dynamics
reached a new maximum (42.9 ± 7.5%) and decreased
again subsequently (to 25.0 ± 8.3% until day 26). The
inter-flume comparison of the dynamics development
pattern showed no significant differences (one-way
ANOVA; n = 35; p = 0.506).
Over the experiment, the functional organization of
the biofilms’ bacterial community increased steadily
(Figure 4) and showed no significant inter-flume differ-
ence (one-way ANOVA; n = 20; p = 0.3910): on day 5,
20.0% of the bacterial DGGE bands corresponded to a
mean proportion of 52.9 ± 7.2% of the cumulative band
abundance indicating a medium degree of functional
organization. This value slightly increased until day 7
(59.8 ± 4.7%) and subsequently reached a high level at
73.8 ± 10.8% on day 14. Until day 22 and for the rest of
the experiment, this increase was mitigated, but still de-
tectable (77.2 ± 5.2% on day 22).
Biostabilization
The developing biofilms established a surface adhesive-
ness which was up to four times higher than the abiotic
sediment (Figure 5). This increase from 232 ± 7 mA at
the start of the experiment to 652 ± 90 mA at day 5 was






1.0 2.2 ± 1.7 630 ± 107
1.0 1.9 ± 1.7 600 ± 96
1.5 1.9 ± 1.0 558 ± 91
2.1 2.0 ± 1.4 623 ± 132
2.5 1.5 ± 0.9 623 ± 88
), bacterial cell counts (n = 40) and surface adhesiveness (n = 135) over all
Table 3 Results of the Kruskall-Wallis tests
Comparison Carbohydrates Proteins Chlorophyll a Bacterial cells Surface adhesiveness
Intra-flume p = 0.8203 (n = 144a) p = 0.5865 (n = 144) p = 0.9492 (n = 144) p = 0.8540 (n = 24b) p = 0.7670 (n = 162c)
Inter-flume p = 0.3364 (n = 120d) p = 0.1223 (n = 120) p = 0.5432 (n = 120) p = 0.9522 (n = 40e) p = 0.0631 (n = 135f)
Intra-flume and inter-flume comparisons of the measured data. a3 regions × 6 flumes × 8 sampling points; b3 regions × 1 flume × 8 sampling points; c3 regions × 6
flumes × 9 sampling points (incl. blanks); d3 regions × 5 flumes × 8 sampling points; e1 region (middle) × 5 flumes × 8 sampling points; f3 regions × 5 flumes × 9
sampling points.
Schmidt et al. Environmental Sciences Europe  (2015) 27:2 Page 4 of 11p = 0.0131, days 2 to 5). After a decline between days 5
and 7, new maximum values up to 956 mA were mea-
sured on day 11, with a mean value of 684 ± 119 mA.
Subsequently, adhesiveness slightly decreased and stag-
nated at a level of ca. 607 ± 89 mA for the rest of the
experiment.
Discussion
Biofilm growth within the new sophisticated mesocosm
The main purpose of the present study was to test this
new design of straight flumes in terms of nature-like
biofilm settlement and cultivation. Despite the absolutely
identical setup of the six flumes, biofilm development
could still differ due to smallest, possibly undetected var-
iations in, e.g. the flow field. Moreover, biofilm growth is
per se characterized by spatial heterogeneity. Thus, for
the new flume design, it remained to be shown whether
deviations in biofilm growth increase strongly along the test
sections of one flume or between the individual flumes.
This is very important since the comparability of biofilm
growth and composition in the different straight flumes as
well as within different flume regions is an essential pre-
requisite for further studies on the impact of environmental
parameters on biofilm ecology and functionality.
The high spatial heterogeneity in biofilms and their
complex mutual interactions with the environment have
been described manifold (e.g. [19-21]). Biofilms haveFigure 1 Compounds of the colloidal EPS fraction (determined via sp
protein contents (for both n = 15; with STDev).even been described as microbial landscapes that not
only are shaped in their spatial configuration by multiple
physico-chemical factors but also alter their environ-
ment in considerable dimensions due to their growth
[22]. Thus, not surprisingly, biofilms settling in the
flumes exhibited high small-scale heterogeneity (on a
single cartridge), but these pattern were clearly similar
in all flume regions and flumes. This reflects the exact
same settings of temperature, illumination and, most
importantly, hydrodynamics in all flumes to provide the
same settling and growth conditions for biofilms. Most
common, an integral approach (Reynolds) is applied to
account for the flow conditions within a flume as a
precisely controlled hydrodynamic regime is either not
necessary or not practicable. However, an exact deter-
mination of near-bed turbulences and bed shear stress
directly at the sites of interest is essential for this study be-
cause various boundary effects such as eddy developments
along the walls of a flume may influence hydrodynamics
and near-bed turbulence significantly. Consequently, this
might impact the erosive forces acting on biofilms as well
as their nutrient replenishment to affect biofilm morph-
ology and activity. Hence, in this study, the turbulence dis-
tribution was determined via high-resolution laser Doppler
anemometry (LDA) before this experiment and later on
checked with acoustic Doppler velocimetry (ADV) [17]. In
addition, the long inlet flow section as well as the design ofectral photometry). Left: mean carbohydrate contents; right: mean
Figure 2 Microbial biomass of the biofilms. Left: mean chlorophyll a contents (n = 15; with STDev) (determined via spectral photometry);
Right: mean bacterial cell counts (n = 5; with STDev) (determined via epi fluorescence microscopy).
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tridges to the flume walls) ensures a homogenous turbu-
lence distribution over the biofilm growth section. Another
essential fact to keep in mind is that bed shear stress is an
exponential function of the flow velocity emphasizing the
importance of constant discharges within the flumes. This
is why high-resolution discharge measurements were per-
formed in all flumes throughout the experiment. These
data gave evidence on the constant and similar discharges
in all six flumes and thus on the identical bed shear stress
levels over all biofilm growth sections in the presented ex-
periment. This is one important prerequisite for the highTable 4 Algae species of the mature biofilms (22nd day)
Flume no.
1 2 3 4 5
Cyclotella menighiana - 3.8 - 3.0 -
Fragilaria construens f. venter - - 3.0 - -
Myamaea atomus var. permitis - - 3.6 - -
Navicula capitatoradiata - 3.5 - - -
Navicula reichardtiana - 2.0 2.1 - -
Nitzschia abbreviata - 2.6 - - -
Nitzschia acicularis 2.1 - - - -
Nitzschia fonticola 11.2 21.9 8.9 4.5 6.1
Nitzschia fonticola - romana form 2.9 10.5 5.6 - 3.4
Nitzschia palea var. debilis 6.6 - - - -
Nitzschia palea var. palea 4.1 2.0 - 2.7 -
Nitzschia paleacea 48.5 37.0 61.4 54.5 69.2
Stephanodiscus sp. 3.7 - - - -
Surirella brebissonii var. kuetzingii 2.9 3.5 3.0 26.9 9.8
Others 17.8 13.1 12.5 8.4 11.6
Proportional abundances of algal species [%]; species with a relative
abundance of less than 2.0% were added up and summarized as ‘others’.reproducibility of biofilm cultivation that could be shown
for the new experimental setup in this study.
Biomass and EPS
Several studies investigating intertidal biofilms suggested
a complex non-linear relationship between microbial
biomass and EPS production [23-25]. The occasionally
fast shifting nutritional and physiological states of the
biofilm microbes might be of major importance for EPS
production and secretion. This was underpinned by
Underwood et al. [26] who described that diatom EPS pro-
duction was, among others, dependent on the nutritional
condition of the cells. The natural riverine water used in
the flumes contained moderate nutrient concentrations
comparable to oligotrophic habitats that remained stable
over the experiment. Besemer et al. [27] and Artigas et al.
[12] reported microbial biomass similar to the values deter-
mined in the present experiment under comparable condi-
tions of nutrient availability (e.g. bacterial cell densities up
to 1.13 × 108cells cm−2 or chlorophyll a concentrations of
0.03 to 6.28 μg cm−2). In contrast, biofilms in a eutrophic
river (Neckar) were characterized by high microbial bio-
mass and EPS production [28], e.g. an up to 16-fold higher
chlorophyll a content than in this study emphasizing the
effects of different water qualities upon biofilm develop-
ment, corresponding metabolic rates and possibly, func-
tionality. Low supply of nutrients may have restricted EPS
production during biofilm development in the present ex-
periment; still, the biostabilization effect (as discussed later)
was impressive.
Microbial community
As Marzorati et al. [29] stated, RWR, dynamics and func-
tional organization calculated from the DGGE fingerprints
should be seen as qualitative indicators, not as absolute
measures due to the known drawbacks of molecular
Figure 3 Dynamics within the bacterial community. Left: DGGE band patterns of 16S rDNA gene diversity of biofilms exemplified shown for
flume 1 (stained with ethidium bromide; inverted picture; numbers represent days of growth); Right: moving window analysis of the bacterial
community’s dynamics in the same flume (crosses) based on densitometry similarity matrices. Additionally shown are the maximal (round dots)
and minimal (triangular) change rates over the residual flumes.
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important tool to describe, compare and interpret dif-
ferent DGGE band patterns in order to obtain a higher
level of information about ecological processes in biofilms.
Generally, observing the microbial community of biofilms
in this study revealed two distinct stages during develop-
ment. The first phase could be described as an initial
colonization of the abiotic substrate by planktonic bacteria.
The findings of Beier et al. [30] or Crump and Hobbie
[31], e.g. 40 bacterial TGGE bands in comparable riverineFigure 4 Functional organization of bacterial community
expressed as Parento-Lorenz curves obtained via densitometry
and normalization of DGGE peak patterns.water, support the initially high bacterial RWR in this
experiment. During the subsequent establishment of a
bacterial biofilm within the first 11 days, competition and
specialization of the bacterial community became visible
by decreasing RWR and increasing functional organization.
Manz et al. [32] and Araya et al. [33] described similar
shifts within the bacterial community composition during
the formation of lotic biofilms. In the period between days
11 and 14, severe changes within the bacterial community
could be observed. Along with significantly decreasing cellFigure 5 Development of the biofilms’ adhesiveness displayed
as mean determined current (n = 15; with STDev) during
MagPI measurement.
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organization of the bacteria might be due to bacterial bio-
film detachment, the initial algal colonization or settlement
of grazing ciliates as described by Wey et al. [34] - or a
combination of these processes.
Besemer et al. [27] highlighted the role of diatoms as
key players in river biofilms as they shape the bacterial
community in a combination of physical and biological
processes. The importance of diatoms in this experiment
became obvious since parallel to the development of the
diatom community (from day 14 on), a steady increase
of vertical and horizontal heterogeneity of the biofilms
could be visually observed. As described by Besemer
et al. [16], this spatial small-scale heterogeneity was a
major driver affecting the development of the microbial
community. Thus, diatoms apparently influenced the
bacterial community in different ways. On one hand,
their photosynthetic activity and EPS production may
have supported the growth of associated bacteria as
indicated by high increase rates of the total cell counts
after day 14 of the experiment, a phenomenon already
described by Espeland et al. [35]. On the other hand, the
pronounced three-dimensional structures of their col-
onies may have allowed the formation of various phys-
ical and biochemical transition/gradient zones, e.g. O2
gradients as described by Glud et al. [36] or Fenchel and
Glud [37]. Due to this formation of many microenviron-
ments, accumulation of different metabolic products of
the diatoms as well as their associated bacteria in the
biofilm matrix and several metabolic cascades, various
niches can develop for a broad range of bacteria with dif-
ferent physiologies [38]. In this context, specialized bac-
teria may have found optimal conditions in the matured
biofilms as reported by Manz et al. [32]. Summarizing, the
diatom development apparently led to dominance of a few
bacterial species but may also have led to the establish-
ment of various niches where diverse bacterial species
might occur in low abundances, indicated by steadily
decreasing dynamics within the bacterial community and
parallel increasing bacterial RWR.
Biostabilization
Due to its high economic and ecological importance,
sediment dynamics in lotic systems plays a major role in
hydraulic engineering. Different modelling approaches
approximated the highly complex sediment-water sys-
tem. Briefly, the Shields model [39] is commonly applied
to determine the stability of sediments versus erosional
forces by defining characteristic diameters and the dens-
ity of the sediment grains. However, this approach is not
applicable for sediments with strong biological influence.
Righetti et al. [40] described the first model based on
the Shields equation introducing adhesiveness/adhesion
as a new parameter in order to incorporate the influenceof biofilms on sediment stability. Finally due to the devel-
opment of the MagPI device that has been applied suc-
cessfully in the marine habitat [6,7,41], the determination
of biological-induced adhesiveness could be achieved at
high temporal and spatial resolution. While most studies
focused on brackish/intertidal areas (e.g. [23,42,43]), up to
now, biostabilization of lotic fine sediments is virtually
unaddressed. Spears et al. [44] suggested the major im-
portance of biostabilization in marine/brackish habitats
supporting the current doctrine that high quantities of
strong ionic bounds significantly strengthen the EPS
matrix. Nevertheless, despite observing significantly lower
EPS values as well as microbial biomass (as compared to
brackish/marine biofilms), a significant biostabilization
effect was detected. This emphasized the importance of
biofilm-induced stabilization of fine sediments in lotic
waters (and contradicted the current doctrine).
Furthermore, this study gave insights in the develop-
ment of various geochemical and (micro-) biological pa-
rameters during biofilm growth affecting this important
ecosystem function. In this context, the content of col-
loidal EPS compounds could be seen as an approximate
marker for biostabilization capacity. Further investiga-
tion of the quality of these polymers could lead to the
identification of single carbohydrate or protein moieties
with high gluing and stabilizing capability. While biofilm
stability appeared to be related to total cell counts in
nascent biofilm stages, the development of the bacterial
community composition turned out to be even more
crucial. Thereby, short and long-term shifts within the
bacterial and algal community occurred simultaneously
to significantly change biofilm stability. This emphasizes
the importance of the molecular biology tools used in
this study to address biofilm composition and diversity.
Identification of bacterial key players in biostabilization
and their interactions with algae could be the next step to
further elucidate the contribution of microbiology to sedi-
ment stability. Future studies should also consider the role
of the protozoa community in shaping microbial biofilm
community and functionality, here biostabilization.
Conclusions
The stabilizing effect of biofilms upon lotic fine sedi-
ment is currently unaddressed despite its broad range of
economic and ecological implications. To investigate the
complex interactions between the biofilm and its envir-
onment, a sophisticated and unique setup was designed
combining biological and engineering expertise.
The evaluation of biofilm growth in these new flumes
is presented in this paper to demonstrate that compar-
able biofilms (intra- and inter-flume wise) could be culti-
vated while exposed to the same abiotic environment.
Furthermore, the biofilm cultivation under strictly con-
trolled boundary conditions gave evidence on the
Schmidt et al. Environmental Sciences Europe  (2015) 27:2 Page 8 of 11importance of biostabilization (known to be substantial
in intertidal mudflats) within lotic fine sediments. In
doing so, first insights into various ecological processes
which shape the microbial community and impact the
overall biofilm functionality could be gained; for in-
stance, the change of a bacteria-dominated nascent
biofilm to a diatom-dominated matured development
stage resulted in biofilms which stabilized the underlying
sediment significantly.
Summarizing, regarding their biological and biochem-
ical features, representative biofilms can be grown in this
novel system - an essential prerequisite for further re-
search into natural biofilm colonization and develop-
ment. In particular, the mutual interactions of various
environmental parameters impacting biofilms can now
be addressed and reliably related to each other. With the
link to biofilm functionality, the significance of bio-
stabilization can thus be investigated for different niches
in freshwater habitats.
Methods
Experimental setup and sampling
Biofilms grew in six flumes, each with an individual, sep-
arate water circuit (see Thom et al. [45] and Figure 6)
under constant natural-like environmental conditions.
Briefly, the flumes (length × width × height, 3.00 m ×
0.15 m × 0.15 m) were designed to allow a homogeneous
flow field and constant shear stress across the biofilm
cultivation section (length 1.00 m). This section contained
12 substratum cartridges (length ×width × height, 0.08 m ×
0.06 m× 0.02 m) that could be transferred outside the
flume for further measurements. Cartridges were illumi-
nated by two parallel fluorescent tubes (Osram Biolux; 480
to 665 nm) and homogenous irradiation was confirmed by
measurements of light intensity and wavelength irradiance
of the photosynthetic active radiation (PAR) spectrum using
a high-resolution spectroradiometer (SR-9910, Macam
Photometric Ltd., Livingston, Scotland) as described byFigure 6 Scheme of a single straight flume. The glass channel (length ×
(c) (2.00 m) and a biofilm cultivation section (d) (1.00 m).Gerbersdorf and Schubert [46]. Discharge was set at
0.80 ± 0.10 L s−1 by adjusting the by-pass (flow velocity
0.07 ± 0.01 m s−1 within each flume) and continuous
measured with an installed mini-flow meter (Bürkert
8030, Ingelfingen, Germany). Fluvial water was re-
trieved from the middle reach of the River Enz (Baden-
Württemberg, Germany). While adjusted to constant
temperature (15°C ± 0.3°C) by a cooling water circuit,
200 L were circulated in each flume by a circulatory
pump (BADU Eco Touch, Speck Pumpen, Neunkirchen
am Sand, Germany) for 4 weeks (1 August 2012 to 28
August 2012). Thus, indigenous microorganisms within
the river water settled the cartridges filled with inert
glass beads (diameter 100 to 200 μm) eventually form-
ing a biofilm. Sampling of each flume was performed
on the days 2, 5, 7, 11, 14, 18, 22 and 26. One litre of
water was withdrawn for subsequent nutrient analysis.
The 12 substratum cartridges of each flume were classi-
fied in three regions ‘front’, ‘middle’ and ‘back’ of four
consecutive cartridges each. At each sampling, ten sam-
ples of 0.5 cm3 were randomly withdrawn from the
sediment of each flume regions by a cut-off syringe and
pooled. Subsamples (0.5 cm3) were transferred into
Eppendorf tubes for further analyses. Due to pump fail-
ure and flow stagnation in the sixth flume during the
first week, this flume was excluded from inter-flume
comparison.
Water chemistry, EPS and bacterial cell counts
Water samples were analysed according to DIN EN
ISO 10304 and using a quick test (Hach Lange GmbH,
Berlin, Germany) based on DIN 38406-E5-1: the con-
centrations of fluoride, chloride, nitrate, ammonia,
sulphate and phosphate ions were quantified. The col-
loidal (water-extractable) EPS fractions of the biofilms
were extracted according to Gerbersdorf et al. [47]. After-
wards, carbohydrates and protein contents were deter-
mined by phenol assay and modified Lowry procedure,width × height, 3.00 m × 0.15 m× 0.15 m) contained an inlet flow section
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sured by ethanol extraction before and after acidification,
respectively (DIN 38 412/16). Bacterial cell counts were
performed in the three regions of flume 4 (intra-flume
comparison) as well as in the middle regions of the flumes
1, 2, 3 and 5 (inter-flume comparison) on the eight sam-
pling points of the experiment. Samples were fixed with
4% paraformaldehyde (final concentration) and shaken
horizontally for 15 min to be treated afterwards (5 pulses à
5 s at 20% intensity) with a Sonopuls UW 3100 ultrasonic
probe (Bandelin electronic, Berlin, Germany). After a
settlement period for 1 min, subsamples of 99 μL were
taken from the supernatant. Suspended cells were stained
with 1 μL SYTO 13 (500 μM) (Life Technologies, Carlsbad,
CA, USA) for 15 min and counted at 488 nm excitation
using an Axioscop fluorescence microscope (Carl Zeiss,
Oberkochen, Germany).
Algal community composition
To investigate inter-flume heterogeneity, samples fixed
with Lugol solution (2%) were analysed from the middle
region of the flumes 1 to 5 at day 22. For the intra-flume
comparison, samples from all three regions of flume 3
were investigated at days 7, 14, and 22. All samples were
separated in two subsamples; one was used for direct
microscopic cell counts by Axioscope A1 microscope
(Carl Zeiss, Oberkochen, Germany). The other was fur-
ther treated to remove organic matter and embedded in
order to determine diatom species by their frustules
[51-53]. The data functioned as basis for further calcula-
tions on the PSIs of the algal communities [54].
Bacterial community composition
DNA was isolated using the Nucleospin Kit for Soil
(Macherey and Nagel, Düren, Germany) according to
the manufacturer’s information. A PCR assay was con-
ducted using the universal bacterial 16S rRNA gene
primers 27f (5′-AGA GTT TGA TCM TGG CTC AG-
3′) and 517r (5′-ATT ACC GCG GCT GCT GG-3′)
[55,56]. The forward primer had an attached GC-clamp
(5′-CGC CCG CCG CGC CCC GCG CCC GTC CCG
CCG CCG CCC CCG CCC C-3′) for subsequent DGGE
(Denaturing Gradient Gel Electrophoresis). Each reac-
tion (25 μL) contained 15 to 20 ng DNA, 0.125 μL
dNTPs (200 μM), 0.25 μL of each primer (40 μM),
0.13 μL Taq DNA polymerase (HotStart™ Polymerase, 5
U/μL, QIAGEN, Venlo, Netherlands), 2.5 μL × 10 PCR
buffer (QIAGEN, Venlo, Netherlands) provided by the
enzyme manufacturer and 16.38 μL sterile PCR water
(Merck Millipore, Darmstadt, Germany). Amplification
was performed with a GeneAmp PCR system 9700
(Applied Biosystems, Carlsbad, CA, USA) as follows:
30 s at 94°C, 35 cycles of 30 s at 94°C, 30 s at 55°C and
60 s at 72°C, followed by a final extension of 7 min at72°C. The PCR products were loaded onto 1% agarose
gels in × 1 TAE buffer (pH 8.0), ethidium-bromide-
stained and studied under UV illumination (600 nm).
DGGE was performed with a Bio Rad DCode (Bio-Rad
Laboratories, Hercules, CA, USA) system as described
by Muyzer et al. [57]: PCR products of similar size were
loaded on a 1.5-mm-thick, vertical gel containing 7.5%
(w/v) polyacrylamide (37.5:1 acrylamide/bisacrylamide)
with a linear denaturing gradient of urea and formamide
(40 to 70%). Electrophoresis was performed in a × 1 TAE
buffer (pH 8.5) for 17 h at 70 V and 56°C. Gels were stained
with SYBR Gold (Invitrogen, Karlsruhe, Germany) for
15 min and analysed using a Lumi-Imager F1 Working Sta-
tion (Roche Diagnostics, Mannheim, Germany). An image
of each gel was taken with a CCD camera system (The
Imager, Appligene, Illkirch, France), and the software Lumi
Analyst 3.1. DGGE banding patterns were analysed with
the program GelCompar II (6.0) and processed with ImageJ
(148 a) and DiGit (Kramer 2013, personal communication).
RWR, community dynamics and functional organization
were calculated according to Marzorati et al. [29].
Surface adhesiveness
Biofilm adhesiveness - a measure for biostabilization
capacity - was determined with a modified magnetic particle
induction (MagPI) system (Figure 6), e.g. using an improved
electromagnetic inductor containing a highly magnetisable μ
metal core with low remanence. Briefly, ferromagnetic parti-
cles were spread on the biofilm surface and the electromag-
net was set up vertically in a defined distance of 0.4 cm to
the surface. The strength of the magnetic field needed to
retrieve the particles from the surface is equivalent to its
adhesiveness. The magnetic field can be calculated from the
current (amperage) via calibration of the used electromagnet.
Statistics
Statistics were conducted using the software Analyze-it225
(1.0.5.0.): Shapiro-Wilks tests (confidence interval 95%) were
performed to check normal distribution of the data sets. In
case of normally distributed data, a one-way ANOVA (confi-
dence interval 95%; chi-square approximation) was conducted;
otherwise, a Kruskal-Wallis test (KWT) (chi-square approxima-
tion; Bernoulli correction for ties) was performed to compare
the different groups. To test correlation of different parameters,
Spearman’s rank correlation coefficients were calculated.
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